The CRISPR-Cas9 system is a powerful and revolutionary genome-editing tool for eukaryotic genomes, but its use in bacterial genomes is very limited. Here, we investigated the use of the Streptococcus pyogenes CRISPR-Cas9 system in editing the genome of Clostridium cellulolyticum, a model microorganism for bioenergy research. Wild-type Cas9-induced double-strand breaks were lethal to C. cellulolyticum due to the minimal expression of nonhomologous end joining (NHEJ) components in this strain. To circumvent this lethality, Cas9 nickase was applied to develop a single-nick-triggered homologous recombination strategy, which allows precise one-step editing at intended genomic loci by transforming a single vector. This strategy has a high editing efficiency (>95%) even using short homologous arms (0.2 kb), is able to deliver foreign genes into the genome in a single step without a marker, enables precise editing even at two very similar target sites differing by two bases preceding the seed region, and has a very high target site density (median interval distance of 9 bp and 95.7% gene coverage in C. cellulolyticum). Together, these results establish a simple and robust methodology for genome editing in NHEJ-ineffective prokaryotes.
T argeted genome editing is critical for both fundamental molecular biology and applied genetic engineering. Even though current methods (i.e., allele exchange, group II intron retrotransposition, and recombineering) can be used for genome modification in many microbes (1, 2) , they have some limitations: (i) traditional stepwise recombination-dependent allele exchange is time-consuming and has low efficiency (3), which can be worse when host transformation efficiency is low and/or usable selection markers are limited; (ii) insertion/deletion-based mutagenesis of large DNA fragments can potentially cause polar effects on downstream genes (4, 5) ; and (iii) insertion of large DNA fragments, such as metabolic pathway transfer, is difficult with current genome engineering tools, which require existing recombination sites and/or recombinases (1, 6) . Thus, a facile and efficient method capable of performing precise, markerless, and versatile genome manipulations is needed to expedite microbial studies.
The clustered regularly interspaced short palindromic repeat (CRISPR)-CRISPR-associated protein (Cas) system is an RNAguided immune system in many bacteria that is able to recognize and cleave invasive DNAs (7) . The type II-A CRISPR-Cas system of Streptococcus pyogenes, which requires a mature CRISPR RNA (crRNA), a trans-activating crRNA (tracrRNA), and DNA endonuclease Cas9, has been harnessed for targeted genome editing in many organisms (8) (9) (10) (11) (12) (13) (14) . Mechanistically, under the guidance of the tracrRNA-crRNA duplex or latterly engineered single guide RNA (gRNA), S. pyogenes Cas9 or Cas9 nickase (Cas9n) can cut any target DNA having a 5=-N20NGG-3= region (see Fig. S1A in the supplemental material), where N represents any nucleotide and N20 represents the protospacer appended with a protospaceradjacent motif (PAM) (NGG) at the 3= end (8) 
The cleavage site will then be repaired by nonhomologous end-joining (NHEJ) or homologous recombination (HR) (2, 15) . Thus far, Cas9-based tools have shown their versatility for foreign gene knock-in and gene inactivation by DNA deletion or insertion, with attractive features such as ease of use, high efficiency, strong adaptability, and multiplex targeting ability (2, 15) . However, reports of their application in bacterial genome editing are quite limited (13, (16) (17) (18) (19) (20) . By coupling Cas9-mediated cleavage with HR repair, the genomes of Escherichia coli (19) , Streptococcus pneumoniae (13) , four Streptomyces species (17, 18, 20) , and Tatumella citrea (19) were edited at a high efficiency. Cas9-assisted elimination of unmutated cells, after single-stranded DNA recombineering, significantly improved the editing efficacy in E. coli and Lactobacillus reuteri (13, 16) . Using the inefficient repair of double-strand breaks (DSBs) in some microbes, reprogrammed Cas9 has been applied as an antimicrobial to selectively kill some strains (21) (22) (23) . Naturally, the lethal effect of Cas9-induced DSBs does not allow genome editing in repair-defective microbes; however, exploiting a strategy to circumvent this lethality will theoretically allow genome editing in many microbes.
As a model system of a mesophilic cellulolytic bacterium, Clostridium cellulolyticum can directly convert lignocellulosic biomass to valuable end products (i.e., lactate, acetate, ethanol, and hydrogen) (24) . It holds promise of producing renewable green chemicals from cellulose to replace petroleum-based products (25) .
However, genome editing of C. cellulolyticum for metabolic engineering is still challenging due to the lack of efficient editing tools. Despite the predicted presence of the type II-C CRISPR-Cas system in C. cellulolyticum (26) , without a basic understanding of this system (e.g., protospacer length, PAM, and gRNA features), we cannot immediately examine its use in genome editing. Here, we tested the use of the single gRNA-directed S. pyogenes Cas9 to edit the C. cellulolyticum genome and found an inefficiency of host NHEJ and HR in repairing Cas9-induced DSBs. Then, we developed a single-nick-assisted HR strategy using a Cas9 nickase and a plasmid-borne donor template to efficiently modify targeted genomic loci by DNA deletion and insertion. This strategy also presented the ability to integrate foreign genes in a single step without a marker, making this a promising step in facilitating genome-level metabolic engineering coupled with synthetic biology in the future.
MATERIALS AND METHODS

Synthetic promoter design.
Promoter sequences in the C. cellulolyticum genome were predicted by PePPER (27) . Then, over 100 predicted A promoters were aligned to create 39-nucleotide (nt)-long DNA logos using WebLogo (28) . Based on the alignment result, at each position the nucleotide with the highest usage frequency was selected to build a mini-P4 promoter (5=-TTGACAAATTTATTTTTTAAAGTTAAAATTA AGTTG-3=). To test promoter activity, P4 was used to drive an anaerobic fluorescent protein-encoding gene (afp). Between the P4 promoter and the afp open reading frame is a short sequence containing a ribosome RNA binding site (RBS) (5=-TTAGGAGGTACCCCG-3=).
Plasmid construction. The P4 promoter generated by annealing extension PCR using P4F and P4R was ligated into the pCR8/GW/TOPO TA vector (Invitrogen). The RBS-containing promoter fragment amplified by using PromF and PromR was assembled with an EcoRI-and BamHIlinearized pLyc017 backbone (29) using a Gibson assembly kit (NEB), generating pP4-AFP.
The cas9 gene from S. pyogenes SF370 was codon optimized and synthesized with a His tag-encoding sequence at the C terminus (Invitrogen). The adapted cas9 fragment was ligated with the modified pLyc017 (empty vector) to generate an Fd::cas9 cassette in the resultant pCas9. The gRNA scaffoldin was also synthesized (Invitrogen) (see Fig. S1B in the supplemental material). All gRNA cassettes were constructed by splicing the RBS-free P4 promoter and the gRNA fragment using splicing by overlap extension (SOEing). The P4::noncustomized gRNA cassette was generated using primers P4gRF and P4gRR for the promoter and gRCKF and gRNAR for the gRNA region and then assembled with the modified pLyc017, generating pGRNA. To target pyrF, mspI, the ␤-galactosidase gene (␤-gal), 3198D, X21, and X22, one target site in each gene or site was selected (see Table S1 in the supplemental material) and P4gRR and gRCKF were replaced by corresponding primers (see Table S2 in the supplemental material). Customized gRNA cassettes were assembled with linearized pCas9, generating pCas9-pyrF, pCas9-mspI, and pCas9-␤-gal. The wild-type (WT) Cas9 endonuclease was mutated to Cas9 nickase (D10A) via site-directed mutagenesis by using mutagenic primers Cas9nF and Cas9nR. The cas9 in the above plasmids was replaced by cas9n, generating pCas9n, pCas9n-pyrF, pCas9n-mspI, and pCas9n-␤-gal. gRNA cassettes targeting 3198D, X21, and X22 were assembled with linearized pCas9n, generating pCas9n-3198D, pCas9n-X21 and pCas9n-X22, respectively.
To generate all-in-one vectors, user-defined donor templates were constructed by SOEing and then inserted into coexpression vectors. To construct a 2-kb donor template for a 23-bp deletion in the pyrF gene, 1-kb left (LH) and right (RH) homologous arms were first amplified separately using primer pair 0614LF and 0614LR and primer pair 0614RF and 0614RR, respectively, and then the two fragments were spliced to produce the 2-kb donor for assembly with linearized pCas9n-pyrF, generating pCas9n-pyrF-donor. Similarly, pCas9n-mspI-donor, pCas9n-X21-donor, pCas9n-X22-donor, and pCas9n-␤-gal-donor vectors with 1-kb, 0.5-kb, 0.2-kb, and 0.1-kb arm sizes were constructed with designed primers (see Table S2 in the supplemental material). A series of pCas9-pyrF-donors with the 0.71-kb Fd::afp expression cassette, 3-kb DNA, and 6-kb DNA between 1-kb homologous arms were constructed by three-piece SOEing or sequential cloning using pBR322 (NEB) as intermediate plasmid. The pCas9n-3198D-donor with 1.72-kb promoterless ␣-acetolactate synthase (alsS) between 1-kb arms was constructed by sequential cloning. The promoterless alsS fragment was amplified from pLyc025. All constructs were verified by DNA sequencing for further studies.
Bacterial strains and culture conditions. E. coli Top10 (Invitrogen) was used for all cloning. E. coli transformants were grown at 37°C in Luria-Bertani medium with chloramphenicol (15 g/ml) for the pLyc017-derived series or ampicillin (50 g/ml) for the pBR322-derived series. C. cellulolyticum H10 (ATCC 35319) and its developed strains were cultured anaerobically at 34°C in VM medium with yeast extract (2.0 g/liter) and cellobiose (5 g/liter). If not otherwise specified, methylated plasmids were used for C. cellulolyticum electroporation (29) , and then transformants were normally selected by thiamphenicol (TMP) (15 g/ ml). For ⌬pyrF mutant identification, selective medium was additionally supplemented with 5-fluoroorotic acid (5-FOA) (500 g/ml). Single colonies were anaerobically developed on VM plates at 34°C. Serial transfer was conducted by transferring a cell culture (optical density at 600 nm [OD 600 ] of Ͼ0.4) to a new medium (1:10, vol/vol), and TMP was added if required. Cell growth was determined with three replicates by monitoring OD 600 .
⌬pyrF mutants created by the pCas9n-pyrF-donor were initially screened with 5-FOA and then were identified individually by PCR amplicon sequencing. The ⌬pyrF mutant created by group II retrotransposition (29) was used as a positive control for phenotype identification. Similarly, ⌬X21 and ⌬X22 mutants, created by pCas9n-X21-donor and pCas9n-X22-donor, respectively, were identified by PCR amplicon sequencing. The TMP-resistant population generated from pCas9n-mspI-donor, containing ⌬mspI mutants, was serially transferred, and then the population genomic DNA was extracted for PCR identification and sequencing. The ⌬␤-gal mutant population generated by pCas9n-␤-gal-donor was additionally identified with amplicon digestion by EcoRV.
To generate plasmid-cured strains, pure ⌬mspI and ⌬pyrF/afp ϩ mutants were serially transferred in TMP-free medium. Then, cells were streaked on TMP-free plates for colony development. Plasmid-cured colonies were screened by both PCR amplification of the plasmid-borne region and TMP selection and then verified by transforming unmethylated pGRNA.
Determination of editing efficiency and cargo capacity. Transformants of each construct (pCas9n-␤-gal-donor with various arm sizes) were generated by electrotransforming 0.25 pmol methylated plasmids with two replicates. Each recovered culture (T0) was equally inoculated into the selection medium (T1). Then, two more serial transfers (T2 and T3) were conducted sequentially when the OD 600 was 0.4 to 0.5. At each transfer point, cell culture was collected for genomic DNA extraction. The extracted genomic DNA was used as a PCR template to specifically amplify a 2-kb genomic region covering the entire donor, using primers p3 and p4. A portion (1 g) of each purified amplicon was digested with 10 U EcoRV in NEBuffer 3.1 at 37°C for 3 h, for the purpose of distinguishing the edited and unedited amplicon by gel electrophoresis. Gel images were subject to densitometry analysis using Thermo MYImage. The editing efficiency (percent) was calculated by dividing the intensity of the 2-kb bands from the selected culture by the initial intensity of the bands from the corresponding T0 control, subtracting the result from 1, and then multiplying by 100.
To examine the genetic cargo capacity, a series of vectors (pCas9-pyrFdonor with 0.71-kb Fd::afp expression cassette, 3-kb DNA, and 6-kb DNA and pCas9-3198D-donor with 1.72-kb alsS) were transformed.
During three serial transfers under only TMP selection, resistant populations were subjected to genomic DNA extraction and then the edited genomes in the population were distinguished from wild type (WT) by PCR amplification and gel electrophoresis.
RNA isolation, RT-PCR, and quantitative real-time PCR.
Total RNA was extracted from cellobiose (5 g/liter)-grown C. cellulolyticum (OD 600 of ϳ0.45) by TRIzol (Invitrogen) and then reverse transcribed using SuperScript III reverse transcriptase (Invitrogen). The cDNA product was diluted as appropriate and used as a template. gRNA expression was examined by reverse transcription-PCR (RT-PCR) using recA as an internal calibrator (98°C for 30 s and 22 cycles of 98°C for 10 s, 56°C for 10 s, and 72°C for 10 s). Quantitative PCR was performed using iTaq SYBR green Supermix with ROX (Bio-Rad) on a Bio-Rad iQ5 thermal cycler. Genespecific primers for each transcript are listed in Table S2 in the supplemental material. Thermal cycling conditions were as follows: 95°C for 3 min and 40 cycles each of 95°C for 15 s, 56°C for 15 s, and 72°C for 45 s. The relative expression level of target genes compared to recA was calculated by the Pfaffl method (30) .
SDS-PAGE analysis. To examine the expression of full-length Histagged Cas9 in C. cellulolyticum, single colonies of pCas9 or CK (empty vector) transformants were cultured. Cells were lysed in the SDS loading buffer, and then supernatant cell lysates were subjected to SDS-PAGE using 9% resolving gels (Bio-Rad). Additionally, His-tagged Cas9 protein in the gel was detected by the Pierce 6ϫHis protein tag stain reagent set (Thermo Scientific).
Fluorescence microscopy. Fresh cultures of wild-type C. cellulolyticum, P4::afp and Fd::afp strains, and plasmid-cured ⌬pyrF/afp ϩ mutants at mid-log phase were analyzed using an Olympus BX51 fluorescence microscope equipped with optical filter sets with excitation at 490 nm and emission at 525 nm for green fluorescence. The images were collected by an Olympus DP71 digital camera.
Bioinformatic analysis of target sites. All N20NGG sites in the C. cellulolyticum genome (NC_011898.1) and their locations were extracted from both strands. Then, unique and transcribable target sites were selected by filtering out those with Ͼ2 identical sites across the genome, a string of six or more T's in the 23-mer sequence (12) and T3 in the 6-mer region upstream of NGG (31), or an extremely low or high GC content (Ͻ25% and Ͼ80%, respectively) (32) . Usable target sites that had at least two base-pair mismatches with the rest of that region of the genome were used for targeting space analyses, including calculating the distances between all adjacent usable sites and histogram plotting. The number of usable sites in all predicted genes was determined for histogram plotting. Gene coverage percentage was calculated by dividing the number of genes that had at least one usable target site by the total gene number. The genome-wide distribution was drawn by GenomeDiagram (33 
RESULTS
Expression of CRISPR-Cas9 system in C. cellulolyticum. To establish Cas9-based genome editing in C. cellulolyticum, functional promoters are needed to drive the expression of Cas9 and gRNA. To quickly expand the promoter library, synthetic promoter design was applied. Since A is the primary sigma factor responsible for transcribing most genes in microbial cells (34) , in silico analysis of genome-wide A -dependent promoters was conducted for C. cellulolyticum. An alignment of predicted promoters showed two characteristically conserved regions (Ϫ35 and Ϫ10) that were separated by a 17-nt T/A-rich spacer (Fig. 1A) . A synthetic promoter (P4) comprised of nucleotides with the highest usage frequency at each position was chemically synthesized (length, 36 bp). The activity of P4 was tested in C. cellulolyticum by driving the expression of a reporter gene (afp) encoding the anaerobic fluorescent protein (Fig. 1B) . Under fluorescence microscopy, the P4::afp construct presented a fluorescent signal in C. cellulolyticum (Fig. 1B) ; the fluorescence intensity was comparable to that of the positive control in which a ferredoxin promoter (Fd) from Clostridium pasteurianum was used to control afp expression, generating the Fd::afp construct (29) .
Next, we chose the P4 and Fd promoters to drive gRNA and cas9 gene expression, respectively. The cas9 gene of S. pyogenes was codon adapted to C. cellulolyticum and fused with a His tag at the C terminus. To examine Cas9 expression, we constructed a pCas9 shuttle vector carrying an Fd::cas9 expression cassette. The fulllength His-tagged Cas9 protein was successfully expressed as evidenced by SDS-PAGE analysis and His protein staining (Fig. 1C) . Additionally, we constructed a pGRNA vector harboring a P4:: gRNA expression cassette. This construct was able to generate noncustomized gRNA transcripts as shown by RT-PCR (Fig. 1D) . Then, both expression cassettes (Fd::cas9 and P4::gRNA) were combined into a single vector, pCas9-gRNA (see Fig. S1C in the supplemental material). Once the gRNA is customized, the resultant vector is able to coexpress Cas9 and gRNA to edit targeted genomic loci in a single step.
Lethality of Cas9-induced double-strand breaks. To demonstrate genome editing by gRNA-guided Cas9, a pyrF gene encoding orotidine-5=-phosphate decarboxylase (Ccel_0614) in C. cellulolyticum was chosen as our first target gene since inactivation of this gene would generate uracil auxotrophic and 5-fluoroorotic acid (5-FOA)-resistant phenotypes, which are easily monitored (35) . The pCas9-pyrF vector coexpressing Cas9 and the customized gRNA targeting the pyrF gene was electroporated into C. cellulolyticum in parallel with pCas9 and pGRNA-pyrF, both of which served as negative controls expressing only either Cas9 or customized gRNA. Transformation tests revealed that both controls generated antibiotic-resistant transformants but not 5-FOAresistant transformants (Table 1 ; see also Fig. S2A and B in the supplemental material); the coexpression vector did not produce cells with both antibiotic and 5-FOA resistance (Table 1 ; see also Fig. S2A and B) . These results suggested that coexpressing Cas9 and gRNA was toxic at least at the selected target site. Then, we tested two more target sites, one in the ␤-galactosidase gene (␤-gal, Ccel_0374) and the other in the mspI endonuclease gene (mspI, Ccel_2866), and determined that coexpression vectors were unable to produce antibiotic-resistant cells (see Fig. S2C ). We suspected that the problem might be in the unsuccessful repair of DSBs created by the Cas9-gRNA complex since DSBs can interrupt chromosome replication and cell reproduction. To verify this hypothesis, the wild-type Cas9 was replaced with Cas9n (D10A) (8), generating pCas9n-pyrF. Interestingly, after transformation we observed the propagation of antibiotic-resistant cells, but these cells were not 5-FOA resistant (Table 1 ; see also Fig. S2A and B), suggesting that the Cas9-induced lethality can be voided by Cas9n and that the single nick created by Cas9n did not enable genome editing via NHEJ. Afterward, we investigated the expression of major NHEJ components (36, 37) , including Ku (Ccel_0364), ATP-dependent DNA ligase (Ccel_0365), and DNA polymerase LigD (Ccel_0366). Strikingly, all three genes were expressed at a very low level in comparison to the recA housekeeping gene (4) (see Fig. S3 in the supplemental material). Taken together, these results indicate that C. cellulolyticum NHEJ is inefficient in repairing DSBs, which restricts the use of Cas9 in editing the C. cellulolyticum genome.
Precise genome editing via an SNHR. Homology-directed repair is another way to fix DNA lesions when a homologous template is present (38) . To mutate the pyrF gene by small DNA deletion, we designed a homologous donor template with a length of 2 kb carrying a 23-bp deletion in the middle and cloned it into pCas9-pyrF and pCas9n-pyrF, generating all-in-one pCas9-pyrFdonor and pCas9n-pyrF-donor plasmids ( Fig. 2A ; see also Fig. S1C in the supplemental material). In this way, editing templates can be maintained during plasmid replication. Transformation tests showed that even though the editing templates were present, Cas9-induced DSBs did not produce any resistant cells; however, Cas9n-induced single nicks, coupled with HR, produced resistant cells under both antibiotic and 5-FOA selection (Table 1 ; see also Fig. S2A and B) , suggesting that ⌬pyrF mutants may be generated. After spread plating, we randomly picked 12 colonies for sequencing and found that all were ⌬pyrF mutants containing a precise deletion of the 23-bp target sequence in the gene (Fig. 2B) . Using the same strategy, we targeted the mspI gene (see Fig. S4A in the supplemental material), which encodes an endonuclease of the restriction-modification system in C. cellulolyticum (39) . After constructing and transforming the pCas9n-mspI-donor carrying a 2-kb donor template with a 23-bp deletion inside, we examined the ⌬mspI mutants in the antibiotic-resistant population. PCR amplification revealed that the wild type was specifically detected in the control using an empty vector but was not detected in the resistant population (see Fig. S4B ), indicating the deletion of the 23-bp target fragment in that population. Then, DNA sequencing further confirmed a precise deletion in the ⌬mspI mutant (see Fig.  S4C ). After plasmid curing, the ⌬mspI mutant was further shown to be transformable with unmethylated plasmids (see Fig. S4D ). Taken together, these results demonstrate that this single-nicktriggered HR (SNHR) allows a one-step precise DNA deletion in C. cellulolyticum.
In genetic engineering, small DNA insertions are useful for integrating short functional elements and introducing frameshift mutations. To test the potential of small DNA insertions, we tried to introduce an EcoRV site (5=-GATATC-3=) into the target site of the ␤-gal gene (Fig. 2C) . A donor template harboring an EcoRV site in the middle flanked by 1-kb homologous arms starting from the cleavage site was constructed and used to generate a pCas9n-␤-gal-donor for transformation. EcoRV insertion was initially indicated by differential PCR amplification (Fig. 2D) , which generated the intended amplicon only when edited genomes were present. Then, amplicon digestion by EcoRV and amplicon sequencing both confirmed the insertion of EcoRV at the anticipated locus (Fig. 2E and F) . Thus, a small insertion is also operable using this strategy.
Assessment of editing efficiency and genetic cargo capacity. A powerful genome-editing tool should have a high efficiency allowing for marker-independent editing. Here, we evaluated the editing efficacy of this SNHR strategy and the effect of arm size on editing since the length of homologous arms affects recombination frequency (40) (41) (42) . We constructed a series of donor templates, all of which harbor an EcoRV site in the mid- dle flanked by homologous arms of varied length (0.1, 0.2, 0.5, and 1 kb), and then constructed pCas9n-␤-gal-donor vectors (Fig. 3A) . Since coexistence of the Cas9n-gRNA complex and the donor template may continuously trigger editing, extending the reaction time and possibly increasing the mutant population abundance, cell cultures from posttransformation recovery (T0) and three serial transfers (T1, T2, and T3) under antibiotic selection were collected for genomic DNA composition analysis. Amplicon digestion by EcoRV reflected the relative abundance of the edited genomes across the whole population (Fig. 3B) , demonstrating that (i) the control group using donor-free pCas9n-␤-gal never produced any detectable genome editing (unedited, 2 kb; edited, 1 kb); (ii) the 0.1-kb-arm group did not produce edited genomes in T0 or T1, but 6% of the population of T2 carried edited genomes and 55% of the T3 population carried edited genomes; and (iii) in the 0.2-kb, 0.5-kb, and 1-kb groups, editing was not detected in T0 samples but strikingly jumped to over 95% in all T1 samples and then to nearly 100% in T2 and T3. Obviously, the length of the homologous arms exerts an important effect on editing efficiency, and the abundance of edited genomes can be significantly enriched with serial transfers. Once the arm length is greater than 0.2 kb, the editing efficiency of this SNHR strategy was very high (Ͼ95%), indicating the ease of markerless genome editing.
We then examined the genetic cargo capacity of this strategy in delivering foreign DNA into the genome, which is of critical importance for future genome-level metabolic engineering. We constructed a series of all-in-one vectors in which donor templates contained 1-kb homologous arms and foreign fragments of various size (0.71-kb Fd::afp expression cassette, 1.72-kb promoterless ␣-acetolactate synthase [alsS], and 3-kb and 6-kb DNA) (Fig. 3C) .
After conducting transformation and serial transfer, we successfully integrated the Fd::afp construct and alsS fragment into the targeted loci (Fig. 3D) but not the larger DNA fragments. Meanwhile, we examined enrichment during serial transfer for the Fd:: afp construct. The edited cells (⌬pyrF/afp ϩ mutant) quickly accumulated to nearly 100% after three serial transfers (Fig. 3E) . The inserted afp gene in the plasmid-cured ⌬pyrF/afp ϩ mutant was well expressed as shown by fluorescence signal (Fig. 3F) . Therefore, the SNHR method can efficiently deliver foreign genes in a single step without a marker.
Precise editing at nonspecific target sites. The specificity of the 23-bp target sites greatly affects the precision of the Cas9-based editing tools; without this specificity, unwanted off-target mutations will occur (43) (44) (45) . Since the four target sites tested above are highly specific, they are not ideal for examining editing specificity of this SNHR method. Instead, two highly similar target sites, X21 and X22, were selected from a cipC scaffoldin gene (Ccel_0728). These sites differ by only two bases in the 5= region preceding the same 12-bp seed region ( Fig. 4A ; also see Fig. S5 in the supplemental material) . Loss of specificity in the seed region will dramatically decrease editing precision such that off-target mutations would occur (43, 44) . For each target site, a corresponding donor template was constructed to introduce a deletion of a 12-bp DNA fragment spanning the protospacer adjacent motif. After transformation and plating, we picked individual colonies for site-specific amplification and sequencing. Results (Fig. 4B and C) showed that (i) the editing system targeting X21 exhibited a 100% on-target editing ratio (12/12) for introducing a deletion there, and no off-target mutations (0/12) were detected at X22, and (ii) the editing system targeting X22 also presented a 100% on-target editing ratio (10/10), and no off-target mutations (0/10) occurred at X21. Obviously, this method presented an extraordinary editing precision at nonspecific target sites. This feature does not need the high-specificity target sites for precise genome editing required by other Cas9-based methods (43) (44) (45) .
To further assess the potential use of this method for genome editing, we analyzed the targeting space in the genome of C. cellulolyticum. After screening for usable target sites, i.e., those N20NGG sites (N is any base) that are unique, are able to be transcribed, and have a certain degree of specificity, 75% of all extracted N20NGG sites met these criteria (see Table S3 in the supplemental material). The sites were spread across the genome, but there are 91 regions (Ͼ1 kb) without any usable target sites with a maximal nontargetable region length of 21.9 kb (Fig. 5A , in the outer two tracks of the map). Further statistical analysis indicated that the median interval distance between target sites was 9 bp (Fig. 5B) and that almost all genes (95.7%) had at least one usable site and the median number of usable sites per gene was 35, without considering fragment length (Fig. 5C ). This high targeting coverage was also observed in other bacteria, including E. coli Table S3 ). Thus, this repurposed CRISPR-Cas9 tool is applicable for editing nearly all encoding genes despite some inaccessible noncoding genomic regions.
DISCUSSION
We have developed a highly efficient strategy for genome editing in C. cellulolyticum using Cas9n-mediated single-nick generation and HR. This SNHR strategy is capable of circumventing the DSB lethality to allow versatile editing in hosts with inefficient DSB repair systems. Although NHEJ and HR assist Cas9-mediated genome editing in diverse eukaryotes (2) , our study demonstrated that the NHEJ components of C. cellulolyticum were minimally expressed, which resulted in ineffective rejoining of DSBs created by Cas9. Since key components of the NHEJ system, specifically the signature protein Ku, are present in only 27.5% of sequenced microbes (see Fig. S6 in the supplemental material) (37) , and even those genomes harboring these genes may not encode functional proteins, as is the case for C. cellulolyticum, the Cas9-/doublenicking-triggered NHEJ system will not work in a majority of prokaryotes. The alternative to NHEJ is template-directed HR, which is a ubiquitous housekeeping process involved in the maintenance of chromosome integrity and the generation of genetic variability, although the exact mechanism of HR may vary (38, 46) . Our plasmid-borne homologous donor successfully triggered HR at the nick created by Cas9n but not at the break induced by Cas9. Recent studies showed that single-nick-triggered HR may undergo a distinct mechanism without proceeding through a DSB intermediate of DSB-induced HR (47, 48) . It is also possible that DSBs created by Cas9 are more toxic than the single-strand nicks or nick-induced single-end DSBs occurring during DNA replication and may be beyond the host's ability to repair (38) . Although little is known about the molecular basis of the C. cellulolyticum type II-C CRISPR-Cas system, our study suggests that the native system did not affect the S. pyogenes type II-A system and might use separate mechanisms (e.g., different PAM and gRNA structure as well as protospacer length) since the gRNA-expressing strain was not able to direct the native Cas9 to accomplish targeted editing. The Cas9 orthogonality demonstrated in E. coli and human cells also supports this point (49) . The SNHR strategy presents unmatched advantages over mainstream bacterial genome-editing tools. Compared with the widely used double-crossover recombination method, it is much faster, more efficient, and more versatile. As we demonstrated, the SNHR strategy allows a one-step generation of an edited genome using a single vector. The high efficiency of this strategy enables markerless editing so that difficulties associated with low transformation efficiency, tedious stepwise screening, and the need for multiple positive-/negative-selection markers can be avoided, unlike in the double-crossover recombination method (1-3). Studies have shown that a low spontaneous recombination frequency in bacteria, which is the basis of double-crossover recombination, can decrease exponentially when reducing the size of homologous arms or increasing the nonhomologous insert between the flanking homologous arms because these changes can affect the efficiency of recombination pathways and RecA binding (40) (41) (42) 50) . While both SNHR and double-crossover recombination can generate defined mutations (deletion, insertion, and replacement) via HR, the SNHR strategy exhibited a strong ability to use homologous arms as short as 0.2 kb to trigger recombination and deliver DNA fragments within a single step, and so the SNHR method is a more robust method for small gene insertion within a short time frame. However, the genetic cargo capacity is relatively low and needs to be improved in order to integrate the large DNA fragments required for massive metabolic engineering. Group II intron retrotransposition is also widely used for gene disruption in many bacteria (1) , yet this method has some targeting limitations, including an obvious bias for intron insertion near the replication origin (51), a relatively sparse targeting space (every few hundred bases on average), and no guarantee of efficiency depending on the insertion site and species (52) . In contrast, the SNHR strategy has a very wide targeting space with a median interval distance of 6 to 14 bp in the multiple bacterial genomes analyzed in this study. It also allows editing of over 95% of genes in multiple genomes, demonstrating the great versatility of this editing system. In addition, the customizability of the SNHR strategy, which enables the generation of precise microdeletion, microinsertion, or codon change to inactivate gene function, can minimize the polar effect on downstream genes that can be exerted by intron insertion or insertion/deletion of other large DNA fragments (4, 5) . With these demonstrated strengths, the SNHR strategy can overcome the limitations of currently available genetic approaches to engineering bacterial genomes. This new Cas9 technology can be used for in vivo and in situ characterization and alteration of biological functions of interest (e.g., DNA sequence motif, gene, protein domain, and protein localization), in addition to genetic engineering of Clostridia and other industrial microorganisms for metabolic and physiologic improvement.
In addition, compared with reported Cas9-based strategies (i.e., Cas9-NHEJ/HR, double nicking-NHEJ/HR) (9, 11, 45) , this strategy can enable precise editing at target sites with low specificity. For instance, Cas9n guided by X21 gRNA probably induces at least two nicks in the C. cellulolyticum genome, including at the on-target X21 and the off-target X22, but the donor template of X21 will specifically choose the nick in X21 to repair through HR and then other nicks will be faithfully religated without introducing any unwanted mutations, as usually occurs during NHEJ-dependent DSB repair. That means that the SNHR strategy not only improves editing accuracy but also expands our editing target space. However, strategies still need to be developed to target those genomic regions lacking targeting sites and to increase targeting resolution across genomes, which is problematic for all Cas9-based methods, including SNHR. Considering that different Cas9s have varied PAM preferences (e.g., NGG in S. pyogenes, NNNNGANN in Neisseria meningitidis, and NAAAAN in Treponema denticola) (49) , exploiting or engineering Cas9 to have an expanded ability to use multiple short protospacer adjacent motifs, and to decrease the length requirement of protospacers without sacrificing targeting specificity, may offer solutions for allowing accurate editing anywhere.
In conclusion, the single-nick-triggered HR strategy described here allows for markerless gene delivery and versatile editing in a single step with a high editing efficiency and precision. This method provides an exemplary strategy for precise genome editing in prokaryotes that are sensitive to DSB toxicity. This approach will facilitate microbial genome editing for fundamental and applied research.
